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Abstract 
The atomic force microscope (AFM) is widely used in biological sciences due to its ability to perform imaging 
experiments at high resolution in a physiological environment, without special sample preparation such as fixation 
or staining. AFM is unique, in that it allows single molecule information of mechanical properties and molecular 
recognition to be gathered.  
This review sets out to identify methodological applications of AFM for characterization of fiber-forming proteins 
and peptides. The basics of AFM operation are detailed, with in-depth information for any life scientist to get a 
grasp on AFM capabilities. It also briefly describes antibody recognition imaging and mapping of nanomechanical 
properties on biological samples.  
Subsequently, examples of AFM application to fiber-forming natural proteins, and fiber-forming synthetic 
peptides are given. Here, AFM is used primarily for structural characterization of fibers in combination with other 
techniques, such as circular dichroism and fluorescence spectroscopy. More recent developments in antibody 
recognition imaging to identify constituents of protein fibers formed in human disease are explored. 
This review, as a whole, seeks to encourage the life scientists dealing with protein aggregation phenomena to 
consider AFM as a part of their research toolkit, by highlighting the manifold capabilities of this technique.   
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1. Atomic Force Microscopy (AFM) 
AFM is a scanning probe technique developed by Binnig et al.[1]. The technique relies on the piezo-driven 
movement of a sharp probe tip across a sample surface, generating deflections in the cantilever attached to the 
probe. These deflections for each x,y pixel on the scanned area are then generated into a topographical map. 
Because this microscope does not rely on light or electron beams as optical and electron microscopes do, 
resolution in AFM is not limited by diffraction, and true 3D information can be gathered (Table 1) [2]. 
Furthermore, the AFM does not require a vacuum to function effectively and can therefore be operated under a 
variety of environments, including liquid and in particular aqueous milieu (Table 1) [3]. Consequently, the AFM 
has become an invaluable tool for the life scientist interested in surface investigations at the nanoscale [3-10]. In 
particular, the biophysical characterization of proteins benefits from access to AFM-related techniques. 
 
Table 1.Brief comparison of microscopy techniques for characterizing single proteins.  
 Electron Microscopy Optical Microscopy Atomic Force Microscopy 
 Scanning Transmission Brightfield Fluorescence  
Lateral Resolution <1 nm <1 nm 200 nm 200 nm <1 nm 
Structural 
Information 
✔ ✔ X X ✔ 
Mechanical 
Information 
X X X X ✔ 
Physiological 
Conditions 
X X ✔ ✔ ✔ 
Molecular Recognition ✔ ✔ ✔ ✔ ✔ 
3D Information ✔^ X X X ✔ 
 ^ qualitative only   
 
1.1 AFM Operation 
The most common AFM setup utilizes an optical detection system [8]. A laser is aimed at the end of a cantilever 
where the probe tip is mounted (Figure 1). This laser reflects onto a position-sensitive photodiode, typically 
consisting of four quadrants. As the cantilever deflects due to the probe’s interaction with the surface, the 
photodiode signal due to the laser spot in each quadrant will change. This change is monitored by the controller. 
The movement of the cantilever is calculated from the change in voltage of the photodiode. The cantilever or the 
surface itself can be moved with accuracy by a piezo scanner in 3D. Alternative detectors are available, based on 
optical interferometry, electrical capacitance, electron tunneling, and piezoelectric cantilevers [2]. However, due 
to the simple and robust operating principle of photodiode laser detection, alternative detectors are rare.   
 
 
 
Figure 1 - Basic schematic of AFM operation showing laser-based detection of cantilever deflection. 
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1.1.1 AFM Imaging  
1.1.1.1 Contact Mode (CM) 
There are various modes of operation available for imaging using an AFM [2], the simplest being CM, where the 
probe is brought into contact with the surface, then ‘dragged’ laterally across the substrate. The force between the 
cantilever and the surface is maintained by keeping the deflection (setpoint) of the cantilever constant. In addition 
to topographical information, CM also provides frictional information as the probe ‘drags’ more heavily on areas 
of high friction and is subjected to torsional effects, which can be detected by the position-sensitive detector. In 
CM imaging, three basic channels of information can be acquired during the imaging process: height, deflection, 
and friction. The height image represents the true topography of the sample, converted from the movement of the 
piezo as it maintains the deflection setpoint. Typically, the z-height scale is represented as a color bar, where the 
colors of the pixels in the height image represent different physical heights. 
When imaging, the setpoint is subtracted from the photodiode reading and this deviation is known as the ‘error-
signal’. This signal can be optimized in order to be quite large on steep gradients, but minimized on flatter areas. 
By mapping the cantilever deflection directly, the finer details of a surface can become visible in the ‘deflection 
channel’. In this way, coarse details on rough samples can be sacrificed in order to visualize fine surface details. 
However, the z-scale in these images is not representative of true topography.  
Finally, the friction channel records horizontal deflections of the cantilever. As the probe maintains constant 
contact with the surface, a higher friction between the probe and surface will result in increased torsional twisting 
of the cantilever, measured by the lateral photodiode quadrants. To avoid topographical artifacts, the comparison 
of topographic and lateral force images acquired in the same direction can be performed. A more common method 
seen is the subtraction of the forward and backward scanning direction from each other. However, correction for 
the nonlinear behavior of the piezoelectric transducer must be taken into account [11].  
 
1.1.1.2 Intermittent and Non-Contact Modes 
In tapping mode (TM) [12], the cantilever is oscillated near resonant frequency, and one of the components of 
oscillation, such as amplitude, is monitored for changes due to surface interactions. This mode of operation 
reduces the chances of damaging the probe or the surface, as the probe is in only intermittent contact with the 
surface. In TM imaging, three basic channels of information can be acquired while imaging: height, amplitude 
error, and phase.  As with CM imaging, the height image represents the true topography of the image. Further, the 
amplitude error maps the ‘error-signal’ of the amplitude oscillation adjustments as a voltage from the photodiode 
measurements [2,12,13]. This channel can be equated to CM’s deflection, and is useful for observing finer details 
on rough samples. 
The phase channel essentially produces a map of how the probe interacts with the surface [2,12,14,15]. The phase 
lag of the probe’s oscillation is measured with reference to the excitation oscillatory signal while the amplitude is 
maintained at a constant value. There are a variety of physical interactions that may cause the phase lag of the 
probe, such as surface stiffness, viscoelasticity and adhesion. Large topographical variations will also cause a 
phase lag. Phase imaging may provide further structural or compositional information than can be derived from a 
topography image of a substrate. However, interpretation of the phase signal is not straightforward and care must 
be taken when analyzing phase images.  
These modes are by no means the only imaging modes. Non-contact AFM, for example, was the first AFM mode 
to provide atomic resolution on a silicon surface. In this mode, the probe never contacts the surface as it oscillates, 
avoiding sample or tip deformations [16,17]. The mapping of physical properties (based upon force spectroscopy, 
described in Section 1.1.2) is also available [2,12,18]. Furthermore, within each mode are alternative methods of 
cantilever excitation and detection, leading to a vast array of methods of extracting information from samples 
using AFM. Nevertheless, due to the gentle yet robust operational characteristics of TM, this mode is generally 
employed for initial investigations into biological surfaces [2,5,10,19]. 
 
1.1.2 Force Spectroscopy 
Force spectroscopy is an AFM-based technique in which nanomechanical information can be obtained on the 
sample (Table 1) [20,21]. After positioning the AFM probe to the desired x,y position, the probe is brought into 
contact with the surface using the z-piezo, until the cantilever deflects, and it is then pulled away again. The 
cantilever deflection is graphed against the position of the z-axis, as seen in Figure 2.   
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Figure 2 - A typical deflection vs. z-piezo displacement curve, tracking the deflection of a cantilever as it approaches 
towards (blue line) and retracts from (red line) a surface. In Region A, no deflection occurs. In Region B, the probe adheres 
to the surface on retraction and in Region C the probe is in contact with surface and the cantilever deflects upon further 
approach. 
 
Initially, there are no forces acting on the cantilever, as it is too distant from the surface (Region A). As the probe 
approaches the surface, the atoms of the probe will interact with the atoms on the surface to create either an 
attractive or repulsive force due to van der Waals and electrostatic interactions in Region B. There is often a ‘snap-
on’ effect seen when approaching in Region B, where the probe becomes close enough to the surface to be attracted 
by van der Waals forces [22]. In Region C, the probe is in contact with the surface, causing the cantilever to bend 
away from the surface due to the repulsive force of the electron orbital overlap between probe and sample. Sample 
and probe may undergo elastic and/or plastic deformations at this time, providing nanomechanical information of 
the surface.  The cantilever is deflected up to a maximum loading value as set by the user, before reversing the z-
direction to retract from the surface. When the probe is retracted (red line), adhesion between the probe and the 
surface often occurs, giving rise to a hysteresis effect (Region B). Finally, the probe ‘snaps off’ and loses contact 
with the surface (Region A).  
 
If the properties of the cantilever are determined, then probe-sample forces can be quantitatively studied [23,24] 
on the basis of Hooke’s Law (Equation 1).  
 
Equation 1- Hooke's law of motion of a spring. 
 
𝐹 = −𝑘𝑐𝑥 
 
Where F is the force applied, x is the deflection of the cantilever, and kc is its spring constant. Once the spring 
constant has been adequately calibrated (Section 1.1.2.1), the deflection-displacement curve can be converted to 
a force curve, in which the force applied to the cantilever is graphed against the probe’s actual separation from 
the surface (tip-sample separation, denoted in Figure 2). Forces detected from the approach of a force curve 
include van der Waals, repulsive double-layer electrostatic, repulsive hydration, and the solvation forces. From 
the retract curve, the adhesion and hydrophobic forces between the probe and sample can be calculated [25]. As 
discussed above, the nanomechanical properties, such as stiffness (Young’s modulus) of the sample, can be 
extrapolated from the contact forces (Region C) of a deflection-displacement curve. In the case of a probe 
indenting into the sample, the surface properties can be described by the Hertz model (Equation 2). 
 
Equation 2 – Hertz equation of surface deformation. 
 
𝐹 =  𝛿3 2⁄ 2𝐸√
𝑅
3(1 − 𝜐2)
 
Where δ is the indentation of the surface, E its Young’s modulus, and υ is its Poisson’s value, and R is the radius 
of the probe. However, this case does not take into account adhesion, which requires further calculations as 
provided by the Derjaguin–Müller–Toporov (DMT) [26,27] and Johnson–Kendall–Roberts (JKR) [28] theories 
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[29]. In biological samples, the surface is much softer than the probe, hence the JKR theory is usually applied for 
determination of sample deformation. The interested reader is referred to detailed reviews on the application of 
JKR and DMT theories [21,25,29,30]. However, state-of-the-art AFM instruments contain modules enabling the 
life scientist to easily measure surface stiffness, deformation and adhesion properties of biological samples. Some 
examples of force spectroscopy used for investigating fiber-forming peptides and proteins are included in Section 
2. 
 
1.1.2.1 Cantilever Calibration 
The cantilever deflection can be measured with high precision using a position–sensitive photodiode. The 
calibration of the position-sensitive photodiode is usually done by performing force distance curves on a flat clean 
surface with a stiffness much greater than that of the cantilever. The average slope of the force distance curves, 
when the tip is in contact with the surface, will give the position-sensitive photodiode calibration factor or, as it 
is commonly known, sensitivity. For most AFM cantilevers, glass or silicon is sufficient. For stiffer cantilevers 
(with a stiffness greater than 100 N/m), sapphire may be more appropriate. Once the deflection of the cantilever 
is calibrated the spring constant must also be accurately determined. One of the earliest reliable methods utilised 
for the spring constant calibration of AFM cantilevers involved the addition of a known mass to a cantilever, 
resulting in a shift in the cantilever resonant frequency [31]. However, the addition of the mass, usually a small 
tungsten or gold sphere, is time consuming and potentially damaging to the cantilever and tip. Two non destructive 
and relatively simple methods are more commonly used for measuring the spring constants of AFM cantilevers; 
the so–called ‘thermal method’ and the ‘Sader Hydrodynamic method’. The first derivation of the ‘thermal 
method’ was made by Hutter et al. [32] utilising the thermal fluctuations of the cantilever, relating the stiffness 
via the equipartition theorem, assuming the cantilever acts as a simple harmonic oscillator. 
 
 
Equation 3 – Spring constant calibration using the ‘thermal method’. 
kz =
kBT
p
 
 
where kB is the Boltzmann constant, T is the temperature of the cantilever, and p is the area of the power spectrum 
of the thermal fluctuations (available experimentally). [33] Hence, this method is suitable to most AFM systems, 
as the temperature can be input easily and all other factors can be measured. However, the accuracy of this method 
is estimated to be between 10 – 20% [23], [34] due to the assumption that the cantilever acts as a perfect simple 
harmonic oscillator. A more accurate method reported to be as low as 5% [29], but usually closer to 10% [34] was 
developed by Sader et al. [35]. The ‘Sader Hydrodynamic method’ utilises precise measurements of the cantilever 
dimensions, Q factor and resonant frequency (fr) and can be used for calibration of a cantilever in fluid.  
 
Equation 4 – Spring constant calibration using the ‘Sader method’ for rectangular (krect) and ‘V’-shaped (kv) cantilevers. 
 
𝑘𝑟𝑒𝑐𝑡 = 0.1906 𝑙𝑄(𝜔2𝜋𝑓𝑟)
2𝜌𝑓Γ𝑖(𝑣𝑘) 
𝑘𝑉 =  
𝜖𝜔𝑡𝑐
3
2𝑙3
 𝑐𝑜𝑠𝛼 [1 + 
4𝜔3
𝑏𝑐3
(3𝑐𝑜𝑠𝛼 − 2)]−1 
 
Where Q is the quality factor of the cantilever, ρf is the density of the fluid the cantilever is immersed into, l and 
ω are the length and width of the cantilever respectively, and Γi is the imaginary part of the so-called 
‘hydrodynamic function’. This technique is only applicable to rectangular beam shaped cantilevers. Sader also 
derived an expression for V shaped cantilevers that is based on Euler beam equations [31] and is given in the 
second equation. In the second equation, the angle between the ‘arms’ of the V-shaped cantilever (α), the thickness 
of the cantilever (tc),, the Young’s modulus of the cantilever (E), and the base width of the cantilever (bc) must be 
taken into account.  
There are various calibration methods further to the ones discussed above [24,35], such as the use of reference 
cantilevers of measured dimensions, radiation pressure, capacitive sensors, and a differential pressure resulting 
from a known fluid flow rate [36]. The choice of which calibration method to use is not a trivial one. For most 
biological applications, the Sader or the thermal method are deemed adequate.  
 
1.1.3 Probe Functionalization 
Force spectroscopy can be utilized for molecular recognition, by attaching a ligand to a probe. Although molecular 
recognition is possible using immunorecognition by means of other microscopy methods (Table 1), force 
spectroscopy allows for true single molecule identification and measurement. Probe functionalization has 
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developed into a versatile procedure allowing hosts of ligands, including antibodies for specific molecular 
recognition to be attached to the probes without loss of biological activity [37-41]. Once an antibody is stably 
bound to the probe, force spectroscopy can be used to measure the specificity of the interaction of the 
corresponding protein. Data such as the binding kinetics, rupture forces and protein conformation [18,25,42-45] 
can be investigated. For more information on the use of functionalized probes in single molecule recognition force 
spectroscopy, reviews by Willemsen et al. [46], Leckband et al.[47], Kienberger et al.[48] and Hinterdorfer et 
al.[49] are recommended to the interested reader. 
To functionalize a probe for molecular recognition, a biomolecule must be attached to the probe. This can be done 
via a linker, such as a biotin-streptavidin bridge [50-54], or glutaraldehyde crosslinking [55]. Alternatively, the 
biomolecule and the probe can be tethered via a defined covalent bond with a rupture force greater than the rupture 
force of the interaction being investigated [56]. This can be done using an amylose [56-59] or PEG chain 
[38,49,60-68] between an amine-reactive tip [69-73] and a biomolecule with available amino groups. A schematic 
used for linking antibodies to tips using a PEG linker is shown in Figure 3. 
 
Figure 3 – A common coupling scheme for linking an antibody (red) to a 3-aminopropyltriethoxysilane-functional AFM tip 
(grey). After amine-functionalization, a poly-ethyleneglycol (PEG) chain is attached via its NHS-ester. The aldehyde 
residues on the free end of the PEG chain can be conjugated to the amino groups of the lysine residues of the protein. 
Reaction of antibody and aldehyde results in the formation of Schiff base, which is subsequently fixed by reduction with 
NaCNBH3. 
 
In the example in Figure 3, used for example by Chtcheglova et al.[74] and Creasey et al.[75], a probe is amine-
functionalized using gas-phase silanisation with 3-aminopropyltriethoxysilane. An amide bond between the 
amine-activated tip and the activated carboxy group of an N-hydroxysuccinimide (NHS) ester end of a 
heterobifunctional aldehyde-PEG-NHS ester crosslinker is formed. Finally, the lysine residues of an antibody are 
coupled via the aldehyde residue of the crosslinker. Reduction with sodium cyanoborohydride stabilizes the Schiff 
base formed between the antibody and the aldehyde moiety. A variety of other chemistries are available for 
biomolecule immobilization on AFM tips. See also reviews by Ebner et al.[37] and Lee et al.[76], and a recent 
compilation of protocols published by Bergkvist and Cady [77], for in-depth information on probe 
functionalization.  
 
1.1.4 Choice of AFM Probe  
A critical parameter in any AFM measurements, regardless of mode, is the choice of cantilever and probe to be 
used. Several factors influence this decision such as the sharpness of the probe tip (its radius of curvature) 
determining lateral resolution, the aspect ratio of the tip, the cantilever spring constant (or stiffness), and cantilever 
reflectivity [2]. Due to tip convolution (discussed further in section 1.1.4), a sharp tip is generally preferred for 
imaging of samples [78]. However, for quantitative nanomechanical measurements of a surface, a nanoparticle 
attached to the tip is often employed [29] to provide a defined contact area, which is large enough to reduce the 
pressure and minimize damage to the sample. High-aspect ratio probes are required to image high-aspect ratio 
features on the sample. Harder silicon probes are employed for use in TM in air, and softer silicon nitride probes 
are employed for TM experiments in fluid or CM measurements. The cantilever and the tip are usually fabricated 
out of the same material. However, diamond tips [79] or carbon nanotubes [80] are at times mounted on silicon 
or silicon nitride cantilevers.  
In CM imaging, due to the lateral motion of the probe, a V-shaped cantilever is preferred as it will have reduced 
torsional stress. In TM imaging, a rectangular cantilever is typically chosen which is oscillated at frequencies 
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above 50 kHz. This allows a minimum amount of force to be exerted on the sample to reduce deformation and 
damage, while keeping the probe stiff enough to prevent it from sticking to the surface due to capillary forces 
[2,12]. However when TM imaging in fluid, a softer V-shaped cantilever oscillating at a lower frequency of less 
than 20 kHz is typically employed as the fluid causes drag.  
A highly reflective coating such as aluminum or gold may be used to ensure differentiation of reflection off the 
cantilever from reflection from the sample. In turn, magnetic coatings allow the cantilever to be driven 
magnetically. Magnet driving is suited for imaging in fluid, as the fluid is not disturbed by large oscillations due 
to acoustic drivers, and very small cantilever oscillations are possible to reduce the forces exerted on the sample 
[81]. 
 
1.1.5 Resolution  
The z-resolution of the AFM is limited only by the electronic and thermal noise inherent in the cantilever detection 
system. 3D information in the range of Angstroms is typically achievable, and sub-Angstrom measurements can 
be realized on a well-calibrated instrument. Height measurements can be affected by adhesion and deformation, 
particularly when investigating biological samples [2,72,82]. Although a range of methods and calculations have 
been investigated for true height determination [12,24,83], TM employing minimal peak forces will minimize this 
deformation sufficiently for most investigations [12,83]. 
Lateral (x,y-plane) resolution is influenced by a range of factors. The tip’s shape and size limit the geometrical 
topographies that can be observed due to ‘convolution’ [24]. As seen in Figure 4, a tip with an aspect ratio greater 
than the sample to be imaged will result in a ‘broadening’ artifact. This artifact is also observed if the tip is blunt 
or otherwise broadened due to contamination or damage.  
 
 
Figure 4 – ‘Broadening‘ artifacts arising from tip convolution, where (a) shows the actual sample profile, (b) highlights the 
way the probe interacts with the sample resulting in (c) the line profile obtained. 
 
It follows that the sample topography is also going to affect the imaging resolution, as regions which are 
inaccessible by the probe will not be visible. Furthermore, tip-sample interactions, such as long-range repulsive 
forces or sample deformation can also change the apparent features observed [84].  
Such artifacts can be minimized by a judicious choice of probe (Section 1.1.3), and true surface features can be 
calculated by deconvolution algorithms. In this respect, the most accurate calculation is the Legendre function 
[85], which is, however, a rather cumbersome procedure. For most investigations, geometric deconvolution using 
the probe shape and radius of curvature is typically sufficient for determining true surface feature widths [86]. 
Determination of the probe’s shape and radius of curvature can be done using a test sample surface of known 
geometries [87], available from most probe suppliers, and most commercial AFM software provides 
deconvolution packages. 
 
1.2 Molecular Recognition Imaging 
A further development of AFM, beyond morphology and mechanical characterization, is the so-called chemical 
force microscopy [88,89]. In this technique, the AFM probe displays certain chemical functionality or ligands to 
measure the interactions with molecules carrying functional groups or receptors on a surface. Probe 
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functionalization is discussed in Section 1.1.3, with reference to single molecule force spectroscopy. Here, probe-
surface interactions are mapped to obtain information about the lateral distribution of molecular recognition 
events. Antibody functionalization of the probe is particularly popular for AFM based immunorecognition 
imaging or antibody recognition imaging. 
A series of key developments have underpinned antibody recognition imaging at the nanoscale [49]. A comparison 
of the common antibody recognition imaging techniques is presented in Table 2. Phase imaging and force-volume 
imaging have been available for some years [12,51,90,91]. More recent developments, including HarmoniXTM, 
PeakForce QNMTM (Quantitative Nanomechanical property Mapping) and picoTRECTM (simultaneous 
Topography and RECognition imaging; TREC), are also included [62,92-94].  
 
Table 2. Comparison of AFM techniques capable of antibody recognition imaging.  
 Phase Imaging Force-Volume 
Imaging 
HarmoniXTM PeakForce 
QNMTM 
PicoTRECTM 
Real-time adhesion 
mapping 
Yes No (offline) Yes Yes Yes 
Proof of recognition 
specificity  
Block Force curve analysis / 
Block 
Block Block Amplitude 
modulation / Block 
Simultaneous 
topography and 
recognition 
Yes No Yes Yes Yes 
Lateral resolution <5 nm <100 nm <5 nm <5 nm <5 nm 
Ease of use / analysis Easy / Moderate Moderate / Moderate Easy /  
Easy 
Easy / Easy Easy / Moderate 
Specialized probes 
required 
No No Yes No Yes 
Time to obtain 1µm2 
image (512x512 
pixels) 
<5 min >18 hrs <5 min <5 min <5 min 
 
The functionalization strategies and detection methods used in these areas have been extensively reviewed 
[7,37,49,95]. However, the following includes a brief review of the working principles of molecular recognition 
imaging and antibody recognition imaging in particular, and highlights some of the significant applications to 
biological sciences.   
1.2.1 Force-volume Imaging 
One of the features of force spectroscopy is that conformational changes of protein unfolding can be detected. 
The technique provides a platform for high throughput screening of environmental conditions [96,97] at which 
proteins may interact. Further, mechanical properties of cells and even cellular responses to physical stimuli can 
be investigated [98]. However, no information can be gained about the size and shape of potential aggregates, 
only the force of interaction between proteins, and structural changes resulting from these single molecule 
interactions. In order to compare the topographical features of a sample and localize the data obtained by force 
spectroscopy in the x-y axis, force-volume imaging was developed. By mapping the adhesion measured by force 
spectroscopy using a probe functionalized with antibodies or other proteins across a topographical area using 
force-volume imaging, the location and identity of proteins can be inferred at a sub-micron level. This method is 
inherently slow since each pixel requires a full force curve to be acquired. Furthermore, the CM image of the area 
must be acquired separately to the force curve. Over the timeframe of the experiment, drift in the x,y,z position is 
difficult to exclude, and this severely limits the resolution of the technique. Some offline calculations must be 
done to ensure the mapped adhesion is due to antibody recognition, and not due to non-specific interactions [99]. 
Additionally, a blocking step must be incorporated in order to reduce or eliminate signal due to receptor-ligand 
interactions, to prove molecular recognition specificity. 
Dupres et al.[100] used a functionalized tip to map the adhesins on living bacterial cells using force-volume 
imaging. The blocking used in this experiment included addition of free heparin to block the surface sites of 
adhesin, shown by a reduction in binding events. This combination of force spectroscopy and adhesion imaging 
of the surface is a powerful technique, and has been applied to systems such as bacteria [101] and lipid membranes 
[102,103], among others [104,105]. The resolution of force-volume imaging is generally limited by the amount 
of time it takes to collect a force-distance curve at each point on the surface.  
 
1.2.2 Phase Imaging 
In TM imaging, the phase lag of the tip oscillation relative to the external driving oscillation can be monitored, as 
discussed in Section 1.1.1.2. A phase lag results from surface-dampened harmonic oscillations. This signal is 
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sensitive to short-range interactions such as adhesive forces and visco-elastic forces as well as long-range 
interactions such as magnetic and electric fields [12,15,91]. By utilizing a functionalized probe, the adhesion of 
the probe will be increased in areas where the corresponding ligand is located, resulting in increased phase 
contrast. However, due to the number of potential interactions leading to a phase response, it is difficult to map 
adhesion using solely this method. Li et al.[106] were able to identify angiotensin-II type 1 (AT1) receptors on a 
fixed neuronal membrane using an anti-AT1 antibody functionalized probe by employing ‘interleaving’ [107]. 
Interleaving involves scanning each line once in TM to detect topography, then again with a ‘lift-up’ to minimize 
surface contact for phase signal acquisition. Following data acquisition, a low-pass filter can be used to remove 
low-frequency topographical data from the phase channel. Interleaving has the disadvantage of increasing the 
image acquisition time. Furthermore, although interleaving can be used to separate the topographical information, 
the phase response may still be affected by other tip-sample interactions, and a blocking step as described for 
force-volume imaging should be applied for proof of specificity.  
 
1.2.3 TREC 
TREC operation relies on the use of a receptor-functionalized tip on a magnetic-coated cantilever oscillated by a 
magnetic field (Magnetic AC (MAC) mode). The receptor must be attached via a long, flexible crosslinker. As 
the receptor binds to ligands while imaging, this crosslinker will stretch during the ‘upswing’ of the oscillation, 
stunting the full amplitude. Meanwhile, the lower region of the oscillation is only affected by the sample 
topography. Hence, the probe oscillation trace is split into lower and upper regions with respect to the probe’s 
resting position by the TREC equipment. Due to the nature of the data collection, TREC is capable of full-
amplitude or half-amplitude feedback to eliminate topography signal from interfering in recognition data. Also, 
proof of recognition can be obtained without introduction of a free receptor or ligand by amplitude modulation 
inhibition of the crosslinker stretching [108].  
TREC has been applied to a variety of biological systems, such as localization of streptavidin-based probes on 
bacterial S-layers [109], detection of human ergotoxin-1 on embryonic kidney cells [110] and recognition of cystic 
fibrosis transmembrane conductance regulator on human erythrocyte membranes [111]. Stroh et al.[62] analyzed 
lysozyme adsorbed on a surface using a HyHEL5 antibody-modified tip. Force curves were first obtained to 
confirm antibody specificity, before acquiring recognition images using both force-volume and TREC imaging 
(Figure 5).  
 
 
Figure 5  - (a, b) AFM force-volume images using lysozyme adsorbed onto a mica surface and HyHEL5 antibody attached to 
the probe. Binding sites on the lysozyme layer were detected in a, and blocked with free HyHEL5 antibody in solution in b. 
The unbinding forces in the pixels are scaled in gray scale values (0–100 pN). (c, d) Simultaneously acquired topography (c) 
and recognition (d) images using a HyHEL5 antibody-coated tip on mica surface with adsorbed lysozyme. The correlation 
between topography and recognition image is indicated with black arrows, showing that at least two-thirds of the lysozyme 
molecules are detected in the recognition image at the same position. Adapted from [62]. 
 
It is clear from Figure 5 that the resolution of TREC exceeds that of force-volume imaging. At the same scan size, 
whilst the force-volume image took 14 minutes at a resolution of 64 x 64 pixels, the TREC image was captured 
within 8 minutes at 512 x 512 pixel resolution.  
Preiner et al.[108] investigated the optimal imaging conditions of TREC using a model protein interaction. Single 
avidin molecules were detected on mica using a biotinylated-IgG-functionalized tip. Minimization of 
topographical crosstalk was achieved by resonating the cantilever at a very low frequency. The modulation of the 
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amplitude of oscillation was investigated to determine the optical amplitude for a reliable recognition signal. The 
authors found that molecular recognition can be proven in situ by increasing the amplitude to a range higher than 
the crosslinker is capable of stretching. Blocking experiments as described for force-volume imaging that 
contaminate the tip and/or the sample are not required.   
These examples of TREC imaging clearly demonstrate the usefulness of TREC to visualize, identify and quantify 
binding sites on biological surfaces. Comparison between the simultaneously acquired topography and recognition 
images yields high resolution maps, acquired in relatively short timeframes, on isolated proteins and fixed cell 
systems. TREC is still a relatively new technique, with continuing advances in methodology. The greatest 
advantage TREC has over other AFM antibody-recognition imaging is the ability to prove that adhesion is due to 
the antibody-mediated molecular recognition by modulating the amplitude of oscillation until crosslinker 
stretching is no longer causing a recognition signal [108]. This avoids contamination of the sample or the probe 
resulting from blocking experiments, and allows reuse of probe and sample.  
Unfortunately, due to the need to use a long crosslinker, there is some lateral resolution loss due to tip broadening 
artifacts. Additionally, the use of specialized magnetically coated probes can increase the cost of running samples.  
 
1.2.4 Other Molecular Recognition Techniques 
PeakForce QNMTM is a recent technique developed by Bruker (previously Veeco) [93,94,112]. It utilizes a patent-
pending algorithm designed specifically for the fast analysis of cantilever deflections when approaching and 
retracting from the surface. The instantaneous peak force is detected and minimized to avoid damaging the sample 
or probe, and calculations of the sample properties such as Young’s modulus, deformation, dissipation and 
adhesion are ad hoc. Rico et al.[113] utilized PeakForce QNM to image the plasma membrane protein 
bacteriorhodopsin of Helobacterium salinarum, mapping the flexibility of membrane proteins at sub-molecular 
resolution. Stiffness measurements of the protein subunits were correlated with their secondary structures as 
shown in Figure 6. 
 
 
Figure 6 –PeakForce QNM images showing topography (a, z-axis = 1.5 nm) and stiffness (b, z-axis = 39 – 109 pN/nm) of 
bacteriorhodopsin protein layers, with individual trimers encircled in (c, z-axis = 1.5 nm) and (d, z-axis = 39 – 109 pN/nm). 
Individual loops are labeled.  (e) Correlation of averaged topography and stiffness with loop structures calculated from 13 
bacteriorhodopsin trimers from a and b and overlaid with the atomic structure [114]. Lateral view of the atomic structure 
colored by B-factors (top) of each cytoplasmic loop, and cross-sectional profiles (bottom) of topography (black) and stiffness 
(±standard error of the mean, red) along the arrows shown in d. The red dashed line shows the average stiffness of the lipidic 
region in d. Adapted with permission from [113]. 
 
By correlating the high resolution images seen in Figure 6 with mechanical maps, Rico et al. were able to identify 
which proteins contribute to structure and which contribute to function.   
Another relevant technique recently developed by Bruker is HarmoniXTM. This system utilizes specially designed 
‘hammer-head’ shaped probes, oscillated at higher harmonic modes beyond the resonant frequency of the 
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cantilever. The torsional amplitudes are monitored, and the harmonics are converted back to the time domain to 
provide tapping force curves from lateral deflection signals. As the tip geometry and spring constant are known, 
maps of elasticity or adhesion can be extrapolated from the data [83]. To date, only two publications have utilized 
HarmoniX for biological applications. Husale et al.[115] imaged unlabeled DNA and RNA on a thiolated gold 
surface in order to determine the stiffness of single-stranded versus double-stranded molecules. The hybridized 
DNA strands were softer than their single stranded counterparts, double-stranded DNA having a stiffness of ~3.8 
GPa compared with ~5 GPa for single-stranded DNA. Using these nanomechanical properties, it was possible to 
map the location of hybridized and un-hybridized DNA and RNA across a surface in a label-free manner. 
Sweers et al.[93] used nanoindentation, HarmoniX and PeakForce QNM in their comparitive study of α-synuclein 
amyloid fibers. PeakForce QNM was able to gather mechanical data across the fibril images with more automation 
than nanoindentation, and less image artifacts than HarmoniX. The elastic modulus obtained by the three methods 
were corrected by accounting for the tip and fibril shape and size, and the values were comparable (1.3 – 2.1 GPa) 
for all techniques. Nanoindentation remains the most accurate method for biomechanical measurements at the 
nanoscale, but mapping techniques such as HarmoniX and PeakForce QNM are faster and simpler to use, and 
may consequently find application for screening purposes.  
Adamcik et al.[94] applied PeakForce QNM to analyze the height, elastic modulus and deformation of amyloid 
fibrils from β–lactoglobulin (Figure 7), a protein present in milk which can form amyloid fibers under low pH 
and/or high temperature conditions.  
 
 
Figure 7 – 1.3 x 1.3 μm2 AFM peakforce QNM images of β-lactoglobulin amyloid fibrils on mica. From left to right, data 
displayed are, respectively, topography (z-scale 10 nm), elasticity using a Derjaguin–Mueller–Toporov fit (z-scale 60 GPa), 
and deformation (z-scale 5 nm). Adapted with permission from [94].  
 
The values found for elastic modulus of individual fibers supported indirect calculations by means of topological 
statistical analysis (utilizing polymer physics [116]) on fibrils structural conformations.  
With the development of new AFM methodologies such as Peakforce QNM, nanomechanical data such as 
elasticity and deformation can be gathered quickly at the same time as morphological characterization.  
To our knowledge, PeakForce QNM and HarmoniX have not been used for antibody recognition imaging in the 
literature. Antibody blocking would need to be carried out in order to prove antibody binding, contaminating the 
sample and probe. It would nevertheless be interesting to see how the results compare against TREC and other 
antibody recognition imaging techniques. 
 
1.3 Combination with Non-AFM Techniques 
Other microscopic (such as those seen in Table 1) or spectroscopic techniques can be combined with AFM on 
biological samples to acquire a more comprehensive understanding. Examples of relevant techniques that can be 
applied to samples prepared in parallel are circular dichroism (CD) spectroscopy for determination of protein 
secondary structure, dynamic light scattering (DLS) for determining size of proteins aggregates and fluorescence 
assays of fiber formation with Thioflavin T (ThT) and Congo Red (CR). Fluorescence microscopy can be 
combined with the AFM, as similar environmental conditions are achievable in both techniques. It is possible to 
attach a tip scanning AFM system on an inverted microscope to allow visualization of optically transparent 
samples, such as a monolayer of cells [117,118], or amyloid fibrils [119]. This combination of fluorescence 
microscopy and AFM has also been demonstrated for molecular recognition AFM. Duman et al.[120] have 
combined TREC imaging and fluorescence microscopy to determine density, distribution and localization of 
yellow fluorescent protein-labeled cluster of differentiation 1 molecules on α-galactosylceramide (αGalCer)-
loaded human acute monocytic cells with a natural killer T-cell receptor modified AFM tip. 
A variety of other techniques useful for investigating protein samples, such as Raman microscopy [121,122], and 
infrared microscopy [123], have also been coupled to AFM systems for simultaneous measurements of topography 
and chemical functional groups.  
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2. Fiber-Forming Peptides and Proteins 
2.1 Protein Aggregation 
Protein aggregation occurs when peptides or proteins assemble by being driven by non-covalent interactions into 
cluster of proteins, which will eventually phase-separate. Such aggregates can be amorphous, crystalline or have 
ordered superstructures such as filaments or fibers, and can occur in intra- and extracellular environments 
[124,125]. A typical protein folding pathway is shown in Figure 8, in which a native protein is partially misfolded, 
exposing regions which are normally hidden. These regions are often hydrophobic, driving aggregate formation 
in physiological environments due to the hydrophobic effect. In the schematic shown in Figure 8, there are four 
possibilities for the partially unfolded protein; it can revert to a native protein, completely unfold, or it can form 
aggregates [126,127].  
 
 
Figure 8 – Schematic of some of the many conformational states that can be adopted by polypeptide chains. All of these 
different conformational states and their interconversions are carefully regulated by the biological environment. 
 
In general, fiber formation occurs via an aggregation pathway as in Figure 8. Peptide chain subunits fold into 
either disordered, partially ordered, or native states. These secondary structures may then assemble to form 
oligomers. After a nucleation event, elongation via the addition of further oligomers or monomers leads to the 
formation of protofibrils. It is generally agreed that the step at which protofibril growth from oligomers occurs is 
due to a nucleation event [128,129], and the time it takes for the nucleation event to occur is known as the lag 
phase or induction time. The nucleation step does not occur for all systems in which fibrils are formed from 
protofibrils; fibril formation can occur as a result of the breakdown and re-structuring of the protofibrils, or the 
bundling of multiple protofibrils [130,131]. In the literature, the nomenclature of fibrillar structures is not always 
clear; in this review, protofibrils refers to a fiber-like structure known to precede a fibril. Further ambiguity results 
from the use of the term, ‘fiber,’ which in common usage can refer to any elongated structure [132], and is often 
used interchangeably with ‘fibril’ in the literature. Again, for the purposes of this review, a fiber is considered the 
mature form of the protein or peptide aggregation, and may be formed of fibril subunits.  
2.2 Amyloid Fibers 
In terms of ordered protein aggregates, the most common form in nature is the group of amyloids. Amyloid 
deposits are implicated in over 40 different diseases, known collectively as amyloidoses.  They also function in 
non-pathological roles, such as in spider silk [127]. These are polypeptide-based fibers characterized by a cross-
β sheet structure as seen by X-ray diffraction, having a characteristic diffraction pattern with a sharp reflection at 
4.7 Å along the same direction as the fiber, and a more diffuse reflection at between 10 and 11 Å perpendicular 
to the fiber direction [133]. Amyloid proteins do not necessarily share homology of peptide sequence, and it is the 
cross-β sheet conformation, which is the accepted biophysical hallmark of an amyloid fiber [134]. 
The mean aggregation properties and configuration of amyloid fibers have been studied using a variety of 
methods, including DLS, neutron scattering, CD spectroscopy, Fourier transform infrared (FTIR) spectroscopy, 
electron diffraction, electron paramagnetic resonance, and solid state nuclear magnetic resonance (ssNMR) 
[133,135]. Clinical diagnosis of amyloidosis, however, is usually carried out using a CR stain, by polarized 
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microscopy,or by immuno-gold EM, to detect amyloid plaques in tissue sections [127,134,136]. Amyloidic fibers 
display a range of ultrastructural polymorphisms, which are best investigated using high resolution microscopic 
techniques, such as AFM. Furthermore, high structural stability and resistance to degradation make these 
structures ideal candidates for nanomaterial design. It is therefore not surprising that peptides mimicking this 
aggregation pathway have also been extensively studied. 
In the following two chapters, the use of AFM for morphological and mechanical characterization of amyloid 
fibers will be reviewed, with a focus on three disease-causing proteins; α-synuclein (αS), β-amyloids (Aβ) and 
prions. 
 
αS is the main causative agent in the pathogenesis of Parkinson’s disease [97]. The protein can form several 
aggregation states; these include a natively unfolded monomer, oligomers rich in β-sheets (protofibrils) and stable 
amyloids fibrils [137,138]. Amyloid structures interact with the neurons’ cell membranes, resulting in destabilized 
cellular ionic homeostasis [139]. The AFM has been used to observe αS aggregation states, including non-fibrillar 
oligomers [140], spheroids, and fibril formation under a variety of conditions in vitro [141,142].  
Aβ is a peptide of 39–43 amino acids that is processed from the so called amyloid precursor protein [143]. As the 
name implies, Aβ peptides form amyloidic rod-like fibers held together by β-sheets. The occurrence of Aβ fibrils, 
protofibrils and oligomers in amyloidic plaques within brain tissue is a hallmark of Alzheimer’s disease [127,144]. 
Soluble Aβ peptide fragments found in cerebrospinal fluid from patients diagnosed with Alzheimer’s disease are 
most commonly composed of amino acids 1 – 40 and 1 – 42 [145].  
Prions are a unique form of infectious agent, consisting of misfolded proteins rather than organisms with a 
DNA/RNA code. The prions act as a template to induce the misfolding of normal proteins in neurological tissue, 
leading to amyloid inclusions [146]. Specifically, the cellular Prion Protein (PrPC) is misfolded into an abnormal 
isoform (PrPSC), which is insoluble and protease-resistant. PrPSC is responsible for transmissible spongiform 
encephalopathies such as Scrapie and Creutzfeldt-Jakob syndrome, for which there is currently no effective 
treatment and which are invariably fatal [147].  
As mentioned above, amyloid protein aggregates have become infamous for their involvement in 
neurodegenerative diseases such as Parkinson's and Alzheimer's disease [127,148], but are also implicated in a 
wide range of other disorders such as type II diabetes and cataracts [149, 150]. The reader is referred to an excellent 
in-depth review about protein misfolding in human disease by Chiti and Dobson [127]. 
  
2.2.1 Morphological Characterization of Amyloid Fibers 
AFM offers a perspective on the mechanisms of assembly of amyloid fibers with nanoscale resolution under 
physiological conditions. Since the first papers to observe amyloid fibers by AFM in the 1990s, fibril growth and 
polymorphisms have been extensively investigated [138,151,152]. The ultrastructural characteristics of amyloid 
fibers, including the length and width, polymorphisms (curvature and persistence), periodicity and higher-order 
assembly have been described for amyloid fibers from a range of sources [116,132,133,152]. In general, amyloid 
fibers are observed to be long (up to several microns), straight and mostly unbranched. The diameter of the fibers 
varies between 5 – 25 nm [133,134] depending on the number of protofibrils twisted together to form a fibril. The 
fibril shape and contour depends on the number of protofibrils and overlapping β-sheets [87,133,134,144,153]. 
Stine et al.[151] observed Aβ(1-40) protofibrils using both CM and TM in air on mica and graphite. Protofibrils 
with an axial periodicity of around 25 nm were seen alongside smooth protofibrils of similar dimensions. The 
authors discuss some of the effects that sample compression and tip convolution can have on AFM measurements, 
and utilize both an internal calibration of plasmid DNA and an external calibration of Aβ measured by electron 
microscopy. Protofibrils were estimated to be 6 – 10 nm thick after taking into account AFM artifacts. These 
values are in the expected range for amyloid protofibrils. 
Bocharova et al.[154] were able to induce PrPSC–like aggregates from recombinant mouse full-length PrPC. 
Anderson et al.[155] then used AFM and TEM to characterize the ultrastructure of the aggregated prion protein 
fibers. Interestingly, several different morphologies were observed based on AFM topography measurements. The 
major sub-types of polymorphisms identified were straight or slightly curvy ribbons, rod-shape protofibrils and 
bundles, protofibrils with a beaded nature, and ribbon-shaped protofibrils composed of laterally aligned sub-cords. 
Also described were protofibrils with a diverse range of twisting patterns, although these are far less commonly 
seen. The polymorphisms described were consistent with features seen in EM images of proteins isolated from 
Scrapie infected tissue, indicating that the PrPSC are able to assemble into a certain range of conformations 
regardless of pathological in vivo or in vitro conditions. Petty et al.[156] synthesized peptide sequences based on 
the most amyloidogenic residues (109 – 122) of a prion protein found in healthy Syrian hamster. AFM imaging 
showed that modification of the amino acid present at residue 117 resulted in altered alignment of the peptides, 
either forming the long twisted rods expected of amyloid fibrils, producing smooth thin protofibrils, or preventing 
aggregation as seen for the wildtype PrPC. This residue impacted on the assembly process of peptide fibers by 
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affecting the strand alignment and β-sheet crosslinking of adjacent peptides. Such studies may be useful in 
designing peptides or peptidomimetics to arrest prion aggregation. 
Since the growth of fibrils is slow with respect to AFM imaging, time-lapse AFM can be used to observe the 
fibrillization process [157-159]. Goldsbury et al.[160] investigated the growth of Aβ(1-40) fibrils using TM AFM 
in neutral buffer (Figure 9). 
 
 
Figure 9 - Time-lapse (denoted beneath each image series) series of TM AFM height images showing protofibril elongation. 
Protofibril elongation was both bi-directional (a) and uni-directional ((b) and (c)).The scale bar = 200 nm. Adapted with 
permission from [160]. 
 
Monomers and high molecular weight oligomers were immediately observed on the mica surface, indicating the 
effectiveness of mica for adsorbing Aβ in fluid conditions. After 2 hours, protofibrils of width 6 ± 0.5 nm began 
to form on the surface. If Aβ fibrils were pre-adsorbed to mica instead of using clean mica, new protofibrils and 
oligomers were observed immediately, suggesting a seeding effect for pre-formed fibrils. As the Aβ peptide was 
consumed from solution by fibrillization, fibrils formed on the mica with heights of 10.7 ± 2.3 nm in two different 
discrete elongation steps: the first of which the authors interpret as the addition of protofibril subunits; the second 
possibly resulting from assembly of discrete independent peptides, morphologically resembling loosely twisted 
ribbons with ~80 – 130 axial cross-over spacings. Due to the constraints of fibril growth on surfaces, there may 
be additional pathways for fibril growth in solution which are not observed in this system.  
Aβ(1-40) and Aβ(1-42) were also investigated using time-lapse AFM by Harper et al.[161] utilizing TM AFM in 
air. Here, Aβ(1-40)aggregation occurred within one week, yielding protofibrils of height 3.1 ± 0.3 nm. This time 
course was accelerated for Aβ(1-42), requiring only a day to form protofibrils of height 7.8 ± 0.5 nm. Over time, 
larger (at least double the height) fibrils appeared, effectively consuming the protofibrils (and not necessarily 
growing from them). Harper et al.[138] were able to speed up the growth of fibrils by adding pre-formed 
protofibril ‘seeds’. The final fibers, consisting of a helical twisted structure, were compared with the fibers isolated 
from Alzheimer’s tissue as well as other published amyloid fibers such as prions and found to have a similar 
morphology. This work demonstrated that the critical nucleation step is the transition from protofibril to fibril, 
and that seeding can effectively decrease the lag phase of fibril formation without affecting the final morphology.  
The role of chaotropic denaturing agents in initiating amyloid fibril growth has been investigated by Polano et 
al.[162] who studied the aggregation of recombinant mouse prion protein (RecMoPrP(89-230)) previously shown 
to form prion fibrils when prepared in buffers containing guanidine hydrochloride (GdnHCl). GdnHCl is 
commonly used in diagnostic amyloid seeding assays [163,164]. At low concentration (0.4 M) of GdnHCl, only 
protofibrils or oligomers were observed by AFM. However, an increased concentration (2 M) led to the formation 
of amyloid fibrils as seen in Figure 10 below.  
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Figure 10 - AFM height mode images of prion aggregates formed in buffer containing 0.4 M GdnHCl (a) and 2.0 M GdnHCl 
(b). Adapted with permission from [162]. 
 
The nucleation event of aggregation of prion proteins into fibrils is affected by the hydrogen bond disrupting–
GdnHCl, with an increased concentration of denaturing agent leading to the formation of more amyloid fibers. 
However, the ultrastructures observed by AFM at high concentrations of GdnHCl did not closely mimic those 
seen in purified disease prion aggregates. Instead of featuring many polymorphisms, like the PrPSC fibers from 
disease tissue, Polano observed a dominant morphology of rod-like fibers with height 5.7 nm (Figure 9), which 
indicated that this model system of aggregation may not reflect pathological conditions. Instead, Wegmann et 
al.[165] postulated that investigation of infected cells may reveal more relevant insights into the structure of prion 
proteins involved in disease pathology. In this study, AFM and light microscopy were used simultaneously on a 
culture of mouse neuroblastoma (N2a) cells infected with prions isolated from the brains of mice with Scrapie, as 
shown in Figure 11.  
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Figure 11 – Time course over 5 days, showing fibrillar surface structures on Scrapie-infected N2a cells (ScN2a) derived at 1, 
2, 4 and 5 days after plating (columns). (a) Phase contrast microscopy images, and (b) immunofluorescence detection of 
PrPC+Sc with x-scale = 20 μm. (c and d) AFM deflection images of fixed ScN2a cells, showing an increase in fibrillar 
structures at 5 days after plating (c; x-scale = 5μm, and d; x-scale = 1 μm). Adapted from [165]. 
  
Immunofluorescence microscopy was used to identify infected cells, so that AFM could be applied on those as 
seen in Figure 10 to analyze structures on the cell surfaces. After 5-6 days, extensive fibrillar structures were 
observed, similar to those obtained from diseased tissue. Further investigations utilizing a cell culture system like 
that above could be used to investigate the environmental conditions of aggregation, and effectiveness of 
therapeutical drug targets. 
Ku et al.[166] studied peptides based on one of the most amyloidogenic regions in the human prion protein 
(residues 106 – 127). Peptides were immobilized on NHS-ester activated glass or self-assembled monolayer-
coated gold slides and analyzed by AFM and β-sheet binding dyes CR and ThT. Rod-like amyloid protofibrils 
formed from peptides in solution on these surfaces in more uniform morphologies and at a greatly increased rate 
compared to solution-based aggregation. This was thought to be due to the immobilized peptides having a seeding 
effect, rather than being a surface artifact.  Although the system is arguably not the best mimic for the diseased 
state, it may nevertheless be useful for designing advanced diagnostic assays for disease detection. Also exploiting 
an NHS-ester surface, Ha and Park [167] immobilized Aβ monomers, oligomers and fully grown fibrils as seeds 
for Aβ(1-42) growth. Utilizing TM AFM in air, they studied the frequency and morphology of mature fibers. Pre-
aggregated oligomers were found to be the most efficient at seeding by serving as a sink to soluble Aβ in solution. 
The use of functionalized surfaces for ex situ fiber formation is a highly effective method and reveals the effects 
of surfaces on amyloid aggregation. Further surface effects have been investigated as protein aggregation inducing 
factors. Giacomelli et al.[168] observed the influence of Teflon on Aβ fibril formation by inserting 100 nm Teflon 
nanoparticles into a solution of Aβ(1-40) peptide. Using a pH 10 buffer, Aβ was mostly observed as random coil 
and β-sheet structure in solution (by means of CD spectroscopy), converting to primarily -helices upon 
introduction of Teflon particles. As the peptide concentration increased, β-sheet structures re-formed across the 
Teflon nanoparticle surfaces. Ideally, flat Teflon surfaces incubated with amyloid-forming peptides would be 
analyzed by AFM, since the morphology of the aggregates could then also be observed. 
Zhu et al.[169] studied amyloidal fiber formation on mica since this is a commonly used ultraflat substrate for 
AFM studies. They observed that the lag phase for protofibril formation was shortened due to incubation in the 
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presence of mica, and protofibril formation occurred at lower concentrations, than incubation in the solution phase 
followed by deposition onto mica. Kowalewski and Holtzman [170] applied in situ TM AFM in pH 7.4 buffer to 
compare aggregation of Aβ(1-42) on mica and graphite. On mica, highly mobile globular aggregates of 5 nm 
height were observed with a tendency to coalesce to protofibrillar aggregates over a 20 minute period. In contrast, 
graphite was covered with elongated parallel sheet structures at 120° angles to each other within minutes of being 
introduced to the surface. These were interpreted as β-sheets, with extended peptide chains perpendicular to the 
long axis of the aggregates stabilized by the hydrophobic interactions between graphite and the peptides’ 
hydrophobic residues. Wang et al.[171] observed a similar phenomenon for Aβ(1-42) peptides in a citrate buffer 
(pH 4) on a graphite surface. The authors also observed beaded protofibrils with a right-handed axial periodicity, 
for which self-assembly was suggested to be via a joining of bead-like aggregates, leading to elongated protofibrils 
of Aβ peptide, followed by the protofibrils intertwining into fibrils. This hydrophobically-driven self-assembly 
on graphite has also been observed by STM [172]. 
Gorman et al.[173] also investigated Aβ fibril formation on mica and graphite. Here, the shorter Aβ(1-40) peptide 
was used in a buffer of pH 6. Aggregation on mica was observed over a similar timeframe as described by 
Kowalewski and Holtzman [170]. However, large amorphous aggregates of 150 – 500 nm height were observed 
on the graphite surface. These large aggregates were transient, disappearing after longer incubation times. The 
main experimental differences between the work by Kowalewski and Holtzman and that of Gorman et al. are that 
Gorman et al. used a solution phase incubation before allowing aggregates to deposit onto the substrates, and that 
imaging was performed in air. Hence the differences observed between substrates by Gorman et al. are likely to 
reflect differences in the propensity of aggregates of varying hydrophobicities to adhere to the substrates, rather 
than result from surface-induced morphological differences on Aβ aggregation. 
In order to observe the aggregation of amyloid fibers on more physiologically relevant substrates, solid supported 
lipid bilayer membranes have been employed. Quist et al.[139] monitored the interactions between amyloid 
forming proteins, including Aβ(1-40) and αS, reconstituted into 1,2-dioleoyl-sn-glycero-3-phosphocholine 
(DOPC) liposomes formed into lipid bilayers supported on mica. Individual pore-like structures were seen to form 
in the bilayer, with pores of 1 nm and 2 nm diameter, for αS and Aβ, respectively, which the authors suggest may 
support an ion channel function of the protein aggregates. Green et al.[174] also investigated Aβ(1-40) interactions 
with lipid bilayers of  1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC) and 1-palmitoyl-2-oleoyl-sn-
glycero-3-phosphoglycerol (POPG) (3:1) supported on mica in a pH 7.4 Tris buffer. In this case, pore-like 
structures were not observed, and instead the authors described expanding lesions caused by the adsorption of 
Aβ(1-40) to lipid bilayer defects. As the peptides were incubated onto the pre-formed lipid bilayers instead of 
being reconstituted into the liposomes prior to lipid bilayer formation, this suggests that the peptides do not span 
solid-supported lipid bilayers. Green et al. also suggest a toxicity mechanism for Aβ(1-40), but one involving 
membrane thinning rather than ion channel formation by protein aggregates. Indeed, the precursors of amyloid 
fibers are often identified as the cytotoxic element of amyloidosis [175-181]. Lowe et al.[182] have demonstrated 
that calcium and cobalt ions induce the formation of potentially pore-forming annular αS oligomers (Figure 12). 
The structure and properties of aggregation of αS in the presence of various metal ions is now well documented, 
with various mechanistic insights being provided [183,184].  
 
 
Figure 12 – TM AFM height images of αS annular particles, induced by the presence of calcium (a – c) and cobalt ions (d – 
f) after incubation at 4 °C for 1 day. Height cross-sections of αS particles are shown on the right. Adapted with permission 
from [182]. 
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Pountney et al.[185] performed antibody recognition imaging utilizing a covalently bound organic crosslinker 
(trimethoxy-3-bromoacetamidopropylsilane) to functionalize the AFM probe with anti-αS antibodies. These 
probes were used to image annular nanoparticles formed after incubation of αS containing glial inclusions purified 
from diseased brain tissue and treated with mild detergents (Figure 13).  
 
 
Figure 13 – AFM (a) height and (b – d) phase images of detergent-treated glial cytoplasmic inclusions, displaying annular 
nanoparticles. (a, b) Anti-αS conjugated probe, with inset, height cross-section of individual particle. (b) Corresponding 
phase image, showing a strong phase response to indicate presence of αS. (c) Anti-SUMO-1 antibody-functionalized probe 
(phase image). (d) Bovine serum albumin-functionalized probe (phase image). Adapted with permission from [185]. 
 
Control experiments using probes modified with antibodies not found in the sample showed significantly smaller 
phase signals than using the anti-αS antibody-functionalized probe. Further controls to remove any phase effects 
due to tip morphology variations, such as a system in which multiple proteins are present on the same surface or 
introduction of free antibody/protein to block molecular recognition, would further confirm αS recognition. 
More recently, Chen et al.[186] determined that incubation of αS with D-ribose resulted in significantly increased 
aggregation. The resulting aggregates were 20 nm high. When their frequency increased, fibril formation was 
inhibited. Fibril formation was also inhibited by the addition of hydroquinone and dopamine, as demonstrated by 
means of AFM by Li et al.[187]. However, small spherical αS oligomers were still observed after incubation with 
these compounds, suggesting that the fibril formation is inhibited due to stabilization of pre-fibril structures. 
Indeed, Hong et al.[188] made similar observations when incubating αS with hydroquinone and nicotine, which 
resulted in greatly reduced fibril formation by stabilizing three types of small oligomer, with heights 16, 10 and 4 
nm.  Whilst Li et al. argued for a mechanism involving dopamine driven stabilization of αS oligomers in the brain, 
Hong et al. claimed that compounds in cigarette smoke have potential as a treatment to prevent αS plaque 
formation in Parkinson’s disease for a similar reason. However, given the recent spur of research strongly 
suggesting that αS oligomers are toxic [180,181,189], cigarette smoke may actually be contraindicated in 
Parkinson’s disease.  
Similar to αS, research into the oligomeric or pre-fibrillar structure of PrPSC, as seen with other amyloidic 
aggregations, also suggests a toxic intermediate prior to fibril formation. Silveira et al.[190] showed that the most 
infectious PrPSC aggregates are composed of only 14 – 28 molecules, with molecular weights of 300 – 600 kDa 
and an outer diameter of 17 – 27 nm.  
In general, PrP aggregation literature focuses on the infectious nature of prion disease, with less emphasis on 
research on the toxicity mechanism. Some research suggests that it is the pre-fibrillar structures that should be the 
focus of therapeutic interventions to prevent cytotoxicity of neural cells [191,192], although investigations into 
dismantling the amyloidic fibers are undoubtedly also important for treatment of brain tissue inclusions [193] and 
are also highly infectious. The interested reader is referred to further work on the topic of the toxicity and 
infectivity of amyloid species [139,162,181,189,191,192,194,195]. 
 
2.3 Molecular Recognition of Protein Fibers 
Although the nanomechanical investigative powers of AFM have been utilized for amyloid fibril investigations 
[196, 197], one interesting capability of AFM has been overlooked: The use of molecular recognition on amyloid 
fibers seems to be absent from the literature. However, some interesting applications of TREC to non-amyloid 
fibers from the literature will be described in the following. 
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Chtcheglova et al.[95,198] functionalized an AFM probe with vascular endothelial-cadherin antibody fragments 
and performed TREC on endothelial mouse cells. Recognition was observed, as seen in Figure 14 below, primarily 
along the actin filaments on the cell surface. The cells were treated with glutaraldehyde to make the cell surface 
stiffer, and with nocodazole to depolymerise microtubules, hence actin filaments were easily observed on the cell 
surface.  
 
 
Figure 14- TREC AFM images acquired on a mouse endothelial cell surface treated with 50 μM of nocodazole for 80 
minutes and subsequently fixed with glutaraldehyde, displaying topography (a, z-scale = 24 nm) and recognition images (b, 
z-scale = 2 nm). After addition of 5 mM EDTA in the fluid cell, the recognition spots (dark red domains) were reduced (b’). 
Blocking experiments did not affect the membrane topography (a’). Adapted with permission from [198]. 
 
Recognition was shown to occur via a calcium-mediated dimerisation of vascular endothelial-cadherin, and could 
be blocked via the addition of ethylenediaminetetraacetic acid (EDTA) to remove free calcium ions (Figure 14 
B).  
Creasey et al.[75] have taken TREC from the cellular level to the analysis of tissue. Recognition of the chaperone 
protein clusterin was detected on human lens capsules from patients undergoing cataract surgery. The recognition 
images generated were then compared to lens capsule samples affected by the protein aggregation disease 
Pseudoexfoliation Syndrome (PEX) [75, 199]. Recognition was only observed in small, localized areas on the 
normal lens capsule surfaces. In contrast, larger, localized fibers of clusterin were observed on the PEX affected 
lens capsules (Figure 15).  
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Figure 15 – TREC AFM images detecting clusterin on a PEX-affected lens capsule, displaying topography (left) and 
recognition (right). The arrows indicate a topographical feature and the corresponding recognition feature. (a and b) are 
acquired with a tip oscillation amplitude of 15 nm, (c and d) with 30 nm, and (e and f )with 45 nm. These amplitude 
variations are a method for confirming specificity of recognition. Scale bars = 400 nm. Adapted with permission from [75]. 
 
 
Immunofluorescence imaging was used to validate the presence of the larger clusterin patches on PEX affected 
lens capsules in comparison to normal capsules. This study was then extended to lysyl oxidase-like 1 (LOXL1) 
protein on PEX affected lens capsules [199] where recognition was observed on the fibers seen on the PEX 
affected capsule surface. The presence of LOXL1 seen by TREC was validated by means of force spectroscopy, 
followed by a comparison of force-volume and phase imaging with TREC. For these tissue samples, TREC was 
found to be the most appropriate technique due to the high resolution and robust specificity proof methodology. 
Such studies may assist in the elucidation of PEX pathophysiology [200 – 202]. 
 
2.4 Synthetic Fiber-Forming Peptides 
Natural systems such as cells have been successfully building nanostructures since the beginning of life. 
Therefore, it makes sense to research and emulate the bottom-up construction employed by nature. The study of 
self-assembling systems and biological nanostructures is critical for nano- and biomaterial research [203]. In 
particular, fiber-forming molecules are receiving increased attention for use in cell scaffolds, biosensors, bio-
reactive materials, and as nanowires [130,204-206]. There has been an explosion of research exploiting synthetic 
peptide molecules resulting in fiber formation [130,204,207] and 3D gel scaffolds [208,209]. The adsorption of 
peptide fiber solution to a flat surface allows morphological analysis by AFM under a variety of conditions, not 
only as an endpoint but also during the self-assembly process. AFM is an ideal method for the analysis of fibrous 
nanomaterials due to the low interaction forces leading to sensitive mechanical measurements [196], and the high 
resolution of the technique affording important structural information [10].  
 
The laboratory of Shuguang Zhang [203, 204] has focused on ionic self-complementary peptides to form amyloid 
nanofibers. Following observations of the rapid and stable self-assembly of a lysine, phenylalanine and glutamic 
acid-based peptide sequence (FKFEFKFE) [210], AFM revealed the helical structure of KFE8 peptide oligomers 
as seen in Figure 16(a) below [211]. Using a combination of AFM, CD spectroscopy, and molecular modeling, β-
sheet formation of protofibrils and fibrils over time was deduced.  
 
 22 
 
 
Figure 16 – AFM height images of the self-assembly of KFE8 peptide in aqueous solution (a) 8 min (Inset: EM image of a 
sample of peptide solution obtained using the quick-freeze deep-etch technique), (b), 35 min (c), 2 h and (d), 30 h after 
preparation. Scale bar = 100 nm. Adapted with permission from [211]. 
 
The helical oligomers observed at shorter timeframes decreased in frequency after ~2 hours, being replaced 
instead with smooth protofibrils of ~8 nm height, which then bundled together to form fibrils of increasing 
thickness but similar length. During these experiments, the authors made an effort to eliminate artifacts that can 
affect the assembly of the peptides—including sample-substrate interactions—by observing fibril formation on 
three different substrates, and by rinsing the adsorbed peptide aggregates with pure water before drying for 
imaging. Zhang and Luo et al.[212] studied the aggregation of alanine and glycine-based ‘two-tail’ peptides, 
containing a hydrophilic center and two hydrophobic ‘tails’. These peptides were denoted ‘AXG’, where the X 
was replaced with aspartic acid, lysine or arginine. The effect of peptide concentration, temperature, ionic strength 
and buffer pH was studied. In the absence of salt, peptide aggregation was not observed by AFM, despite DLS 
showing a wide size range of nanoparticles (100 – 800 nm) in solution. By adding NaCl or upon incubation in 
phosphate buffered saline, superstructures such as nano-layer networks and nanofibers were observed by AFM, 
while CD spectroscopy indicated a reduction in β-sheet structure in the peptide secondary structure. The authors 
posit that more experiments are required to understand the relation between the primary structure of two-tail 
peptides and their aggregation properties under various environment conditions, and thus do not fully reconcile 
the CD spectroscopy and AFM results. 
The effect of temperature on peptide self-assembly was studied by Tiné et al.[213] using an arginine, tryptophan 
and aspartic acid –based peptide sequence (RWDW). AFM revealed a dense entanglement of fibers at lower 
temperatures (15°C and 25°C), whilst the physiologically relevant results acquired at 35°C incubation revealed 
distinct, shorter protofibrils along with round aggregates. These results were interpreted in terms of changes in 
enthalpy of peptide aggregation as determined by isothermal titration calorimetry and differential scanning 
calorimetry. 
Hydrogels formed by highly networked fibers can ideally be applied as a tissue engineering scaffold. Studying an 
arginine, alanine and aspartic acid-based peptide (RADA-16), Zhang and Yokoi et al.[214] observed the assembly 
and disassembly of nanofibers scaffolds. The RADA-16 peptides aggregated to form a hydrogel immediately in 
aqueous solution which consisted of fibers ranging from 100 nm to several microns lengths. By sonicating the 
self-assembled hydrogel, the peptide building blocks could be disassembled. Over a time period of only 2 minutes, 
short fibers of 20 – 100 nm length were observed by the AFM, elongating to their pre-sonication length of over 
100 nm after 2 hours of incubation. A further observation from the AFM images was that the order of packing 
seen upon reassembly had a more ordered overall structure than the initial assembly. This assembly and 
disassembly cycle could be repeated multiple times on the same sample, showing the repeatability and durability 
of the peptide assembly process for use as a dynamic tissue engineering scaffold as well as adding interesting 
insights to the formation of and resistance to treatment of amyloid protein based diseases.  
Likewise, Zhang and Luo et al.[215] investigated nanofiber formation of a glutamic acid, alanine and lysine–
based peptide (EAK-16) for use as a scaffold. The formation of nanofibers of 10 nm height was observed by TM 
AFM in air on mica. Using CD, the secondary structure of these fibers at neutral pH was shown to be primarily 
β-sheet. At very low or high pH, fibers were not readily observed and the secondary structure changed from β-
sheet to α-helix. The authors also observed that L-amino acid-based peptide assemblies resisted protease 
degradation, while the corresponding D-amino acid-based peptide assemblies were more stable at high 
temperatures. Considering the otherwise identical nature of opposite chirality peptide sequences, this may reflect 
a slight difference in inter-molecular bonding based on the chirality of amino acid residues. The stability of 
scaffolds for tissue engineering could therefore be manipulated using the stereochemistry of the peptide building 
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blocks. Indeed, Sun and Zheng [216] investigated a lysine, leucine and aspartic acid-based (KLD-12) peptide 
sequence for use as an injectable cell scaffold. In pure water, KLD-12 existed in monomeric form. However, self-
assembly into a hydrogel composed of thin, anfractuous, highly networked nanofibers was triggered by 
introducing salt [217]. The authors suggested that the assembly of KLD-12 occurred via β-sheet interactions. 
However, no spectroscopic method was used to confirm this. An aqueous solution KLD-12 was used for injection 
into a mesenchymal stem cell culture, where the physiologically relevant ionic strength of the cell media caused 
the formation of the gel, encapsulating stem cells to create a 3D scaffold.  
Wang et al.[218] formed fibers from random coil peptides based on an alanine, glutamic acid, tyrosine and lysine-
based sequence (AEAEYAKAK), which formed dense, directional fibers (Figure 17) formed by a ‘Lego-type 
assembly’. No characteristic ordered secondary structure motif was identified in the assembled fibers. 
 
 
Figure 17 – AFM height image of peptides deposited on mica (a, x-scale = 2 µm). (b, c) Higher magnification of (a) (x-scale 
= 1 µm). (d) Line profile through the directional fibers as noted in (c), indicating a height of approximately 2.1 nm. Adapted 
from [218]. 
 
Kogan et al.[219] investigated fiber formation of peptides based on the maize storage protein, -zein. The valine, 
histidine, leucine, and proline sequence (VHLPPP) resulted in polyproline II helices, which then assembled into 
long nanorods when placed on a hydrophobic surface. The self-assembly process involved micellar aggregation 
in aqueous solution as confirmed by X-ray scattering and TEM [220]. Unfortunately, the authors did not study the 
effect of the wettability of the underlying substrate surface.  
Synthesized peptide sequences are the first step to designer biomaterials. Arguably, an important next step is the 
design of novel peptide-based molecules. A class of highly branched macromolecules, called dendrimers, is one 
way of combining the biological relevance of amino acids and the tunability of synthetic chemistry [208,221]. 
Dendrimers are of particular interest due to the definition of functional motifs on the surface combined with 
tunability of mass and size in a monodisperse manner [222,223].  
Haridas et al.[224] synthesized lysine-based peptide dendrons and dendrimers and studied their assembly into 
fibers and gels by means of AFM. The symmetrical 2nd and 3rd generation dendrons formed vesicles in organic 
solution, which coalesced into a dense network of fibers upon addition of a non-solvent, persisting in aqueous 
buffer. Self-assembling diacetylene-core dendrimers were also prepared which could be crosslinked under UV 
irradiation as seen in Figure 18. 
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Figure 18 - Height mode TM AFM images of a gel of dendrimer 5a (a) before and (b) after irradiation with an Hg Lamp. 
The insets shown in (a, b) show photographs of the respective gels in inverted tubes. (c) Structure of 5a before and after UV 
irradiation. Adapted from [224]. 
 
The supramolecular organization of peptide-based synthetic chemicals such as dendrimers can be exploited to 
form fibrous hydrogels for drug delivery, tissue engineering scaffolds, biosensors, and novel biomaterials 
[222,225,226].  
 
Biologically inspired peptide self-assemblies with a wide range of envisioned applications are constantly being 
developed, with the AFM being the critical tool for characterization of the resulting nanostructures [227] such as 
nanobelts [228] and nanotubes [229,230]. This review focused on the most recent or critical developments in fiber 
forming peptides investigated by AFM and left aside a plethora of interesting work on other structural elements. 
3. Conclusions and Future Perspectives 
The AFM is a scanning probe technique, capable of ‘feeling’ the 3D topography of surfaces at the nanoscale, as 
well as affording information on the nanomechanical and compositional properties of a range of samples. Due to 
its ability to perform experiments in a physiological environment without special sample preparation, AFM is 
perfectly suited for biological investigations. In this review, AFM operating conditions and modes were described 
with particular relevance to the investigation of proteins and their aggregates. Methodologies for molecular 
recognition mapping using the AFM including force-volume imaging and TREC were also highlighted. These 
techniques have strong potential for the nanoscale compositional analysis of biological samples.  
 
In the second part of the review, recent and key examples of using AFM for the characterization of amyloid fibers 
were highlighted. The AFM is able to structurally characterize the polymorphisms of fibers, indicating potential 
pathways of aggregation. In concert with techniques such as fluorescence microscopy, EM, and spectroscopic 
tools such as CD spectroscopy, basic mechanisms of aggregation are being elucidated. Time-lapse AFM can be 
used to investigate kinetics of fiber growth, and the effects of environmental conditions, seeding, and choice of 
substrate surface can be parsed out. Oligomers have been identified as an integral part of amyloidosis, potentially 
forming the cytotoxic species of diseases such as Alzheimer’s and Parkinson’s. TREC was shown to be an 
effective molecular recognition imaging technique on cells and tissues for detection of fibers in physiological 
environments. 
Research on synthetic fiber-forming peptides where the AFM underpinned the investigation into the structural 
properties of self-assembling fibers and fiber networks were subsequently reviewed.  Peptide self-assembly was 
seen to occur for β-sheet, α-helix and polyproline II secondary structures, and peptide fibers used as scaffolds for 
tissue engineering and as drug delivery vehicles. Unique morphologies and self-assembly mechanisms were 
designed and AFM used as the main tool to explore the resulting structures.  
 
In terms of future perspectives, it is clear that the AFM based investigation of fiber-forming proteins has key 
applications in drug discovery, particularly where the morphological and toxicological characterization of amyloid 
aggregates can be used to identify therapeutic targets, to investigate the influence of environmental factors on 
amyloid aggregation, and to study the efficacy of therapeutic drugs designed to disrupt aggregates. At the same 
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time, AFM analysis underpins the design of novel peptide-based fiber forming molecules for applications in tissue 
engineering scaffolds and drug delivery.  
The potential of AFM-based antibody-recognition imaging has thus far been underutilized, and we foresee the use 
of this high-resolution technology for discovering the pathogenesis of protein aggregation diseases such as 
Alzheimer’s and PEX syndrome. Further advances in AFM technology including high speed scanners or high 
throughput AFM have not been reviewed here, but these advances will no doubt have a bearing on the 
implementation of molecular recognition imaging.  
In summary, the AFM is an invaluable asset to the life scientist interested in the studying the fascinating 
phenomenon of protein aggregation.  
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